
Dimers to Doughnuts: Redox-Sensitive Oligomerization of 2-Cysteine
Peroxiredoxins†,‡

Zachary A. Wood,§ Leslie B. Poole,| Roy R. Hantgan,| and P. Andrew Karplus*,§

Department of Biochemistry and Biophysics, Oregon State UniVersity, CorVallis, Oregon 97331,
and Department of Biochemistry, Wake Forest UniVersity School of Medicine, Winston-Salem, North Carolina 27157

ReceiVed December 19, 2001; ReVised Manuscript ReceiVed February 11, 2002

ABSTRACT: 2-Cys peroxiredoxins (Prxs) are a large and diverse family of peroxidases which, in addition
to their antioxidant functions, regulate cell signaling pathways, apoptosis, and differentiation. These enzymes
are obligate homodimers (R2), utilizing a unique intermolecular redox-active disulfide center for the
reduction of peroxides, and are known to form two oligomeric states: individualR2 dimers or doughnut-
shaped (R2)5 decamers. Here we characterize both the oligomerization properties and crystal structure of
a bacterial 2-Cys Prx,Salmonella typhimuriumAhpC. Analytical ultracentrifugation and dynamic light
scattering show that AhpC’s oligomeric state is redox linked, with oxidization favoring the dimeric state.
The 2.5 Å resolution crystal structure (R ) 18.5%,Rfree ) 23.9%) of oxidized, decameric AhpC reveals
a metastable oligomerization intermediate, allowing us to identify a loop that adopts distinct conformations
associated with decameric and dimeric states, with disulfide bond formation favoring the latter. This
molecular switch contains the peroxidatic cysteine and acts to buttress the oligomerization interface in
the reduced, decameric enzyme. A structurally detailed catalytic cycle incorporating these ideas and linking
activity to oligomeric state is presented. Finally, on the basis of sequence comparisons, we suggest that
the enzymatic and signaling activities of all 2-Cys Prxs are regulated by a redox-sensitive dimer to decamer
transition.

The alkyl hydroperoxide (Ahp) reductase system is part
of an essential peroxide-inducible response to oxidative stress
found in many bacteria (1-6). This system consists of two
soluble components, AhpF1 and AhpC, which together
catalyze the NADH-dependent reduction of organic hydro-
peroxides (or hydrogen peroxide) to their corresponding
alcohols and water (7, 8). AhpF, an FAD-dependent NADH:
protein disulfide reductase whose structure (9, 10) and
mechanism (11-15) have been well studied, acts to reduce
AhpC. AhpC is the peroxidase of the system, and the enzyme
from Salmonella typhimuriumis the focus of this paper.

As shown in Scheme 1, AhpC has two redox-active
cysteines: one, the peroxidatic cysteine (SP), attacks the
peroxide substrate (ROOH) and becomes oxidized to a
sulfenic acid, and then the resolving cysteine (SR) attacks
the cysteine-sulfenic acid to release water and form a
disulfide bond (16, 17). The disulfide form of AhpC is
reduced by AhpF to complete the catalytic cycle.

AhpC is a member of the recently described 2-Cys
peroxiredoxin (Prx) family, with homologues found in all
kingdoms (18-21). Like all 2-Cys Prxs,S. typhimurium
AhpC is an obligate homodimer (R2) with the peroxidatic
cysteine from one monomer and the resolving cysteine from
the other forming an intersubunit redox-active disulfide (16,
17). In addition to their antioxidant functions, eukaryotic
2-Cys Prxs have been shown to modulate the apoptotic
pathways that are activated by p53 (22, 23), tumor necrosis
factor (TNF) (24-26), and the anticancer drug cisplatin (27).
High levels of expression of 2-Cys Prxs are strongly
correlated with resistance to cisplatin (27) and protection of
tumors during radiation therapy (28).

Recently, it has been reported that 2-Cys Prxs will
oligomerize in solution to form decamers (29-32). The
crystal structures of three different of 2-Cys Prxs have
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revealed two distinct oligomeric forms: the structure of the
disulfide form of heme binding protein 23 (HBP23) at 2.7
Å resolution is anR2 dimer (33), and both the reduced
tryparedoxin peroxidase (TryP) fromCrithidia fasiculataat
3.2 Å resolution (34) and the thioredoxin peroxidase B (TPx-
B) from human erythrocytes at 1.7 Å resolution (29) are (R2)5

decamers. Although the TPx-B structure has its peroxidatic
cysteine oxidized to an inactive sulfinic acid, the authors
propose that it faithfully represents the reduced form of the
enzyme (29).

The factors that govern the oligomeric assembly of 2-Cys
Prxs are not well understood. One report suggests that high
ionic strength drives the oligomerization and activity of a
bacterial 2-Cys Prx (30), whereas another suggests the
opposite, that high ionic strength leads to dissociation of the
decamer (32). Still other reports have indicated that oligo-
merization is dependent on pH, with lower pHs favoring
oligomerization (31), or on redox state, with reduction of
the enzyme resulting in oligomerization (35). In the case of
TPx-B, the authors combine these ideas and propose that in
vivo both a change in ionic strength and a small drop in pH
during times of oxidative stress act to drive oligomerization
to the (R2)5 decamer and that formation of the active site
disulfide bond favors the dimeric structure (29).

Two separate structural comparisons between decameric
and dimeric forms of 2-Cys Prxs have revealed specific
details of the oligomeric assembly and have led to proposed
mechanisms for the decamer to dimer transition (29, 34).
Although both reports identify the same key players, the
proposed order of events and driving forces is different. More
specifically, both authors identify that a local unfolding in
the active site is correlated with disulfide bond formation
and structural rearrangements in the oligomerization inter-
face. Schroder et al. (29) propose that it is the local unfolding
coincident with the shift of a surface loop that forces the
structural rearrangements in the interface, and this promotes
decamer dissociation and disulfide bond formation. On the
other hand, Alphey et al. (34) propose that the nucleophilic
attack of the resolving cysteine on the peroxidatic cysteine-
sulfenic acid promotes the structural rearrangements in the
interface and drives apart the decamer. In their comparisons,
both authors were limited in that they had only two forms
of the enzyme available for analysis, the reduced decamer
and the disulfide containing dimer, making it impossible to
distinguish events that occur immediately prior to dissociation
from those stuctural rearrangements that occur afterward.

Here, we present studies that resolve questions regarding
the control and mechanism of 2-Cys peroxiredoxin oligo-
merization. First, we demonstrate that the oligomerization
of S. typhimuriumAhpC is primarily redox sensitive, with
the reduced enzyme strongly favoring the (R2)5 decamer and
with the oxidized enzyme forming a mixture of predomi-
nantly lower order oligomeric assemblies. Second, we present
a 2.5 Å resolution crystal structure of the disulfide form of
decameric AhpC. This represents an important, metastable
intermediate between reduced decamers and oxidized dimers.
This structure, in comparisons with the other available 2-Cys
Prx structures, allows identification of the molecular switch
responsible for the disassociation of the decamer. Finally,
we incorporate these ideas in a structurally detailed catalytic
cycle and present a testable hypothesis that oligomeric state
is linked to enzyme activity and signaling.

EXPERIMENTAL PROCEDURES

Purification of AhpC and Se-Met AhpC.AhpC was
expressed and purified essentially as described previously
(8). For selenomethionine (Se-Met) incorporation, the same
plasmid (pAC1) was transformed into the methionine aux-
otroph B834(DE3) (Novagen, Inc., Madison, WI). Expression
of Se-Met AhpC followed methods used previously by
Ramakrishnan et al. (36). The medium consisted of 2× M9
salts supplemented with 0.4% glucose, amino acids (exclud-
ing methionine) at 40 mg/mL each, seleno-L-methionine from
Sigma at 40 mg/mL, and four vitamins (riboflavin, niacina-
mide, pyridoxine monohydrochloride, and thiamin) at 1 mg/
mL each. Chloramphenicol at 25 mg/mL was included. A
1.0 L culture in the above medium was grown overnight
(about 16 h) at 37°C to A600 ) 1.4. IPTG was added and
incubation continued for an additional 6 h. Purification of
Se-Met AhpC as previously described (8) yielded 19 mg that
was concentrated to 10 mg/mL in 25 mM potassium
phosphate, pH 7.0, and 1 mM EDTA and stored at-20 °C.

Analytical Ultracentrifugation.Sedimentation velocity and
equilibrium analyses were performed at 20°C using an
Optima XL-A analytical ultracentrifuge (Beckman Instru-
ments, Palo Alto, CA). AhpC [with or without 1 h pretreat-
ment with a 20-fold excess of dithiothreitol (DTT)] was
concentrated and exchanged into 25 mM potassium phos-
phate, 1 mM EDTA, and 0.15 M NaCl, pH 7, using CM-30
Centricon ultrafiltration units (Millipore Corp.) or 10K cutoff
Apollo concentrators (Orbital Biosciences, Topsfield, MA);
the buffer for reduced AhpC contained freshly added 100
µM DTT. A value of 0.7370 cm3/g was calculated for the
partial specific volume of AhpC from the amino acid
composition (37), and the buffer density, at 1.0077 g/cm3,
was measured using a DA-310 precision density meter
(Mettler Toledo, Hightstown, NJ). Data were collected at
280 nm (or at 250 nm for [AhpC]> 55 µM and at 230 nm
for [AhpC] < 9 µM). Only data of less than 1.4 absorbance
units were used.

Sedimentation velocity experiments were carried out using
double-sectored Epon charcoal cells (12 mm path length for
most samples, 3 mm path length for the highest concentra-
tion). For each concentration, sedimentation and diffusion
coefficient values of AhpC were calculated using the Fujita-
MacCosham function based on the Lamm equation and the
SVEDBERG (version 6.23) software (38, 39) and DCDT
sofware (40) (www.jphilo.mailway.com).

These parameters were standardized to pure water (cor-
recting for density and viscosity) (37) and extrapolated to
zero concentration. The molecular weight (Mw) of AhpC was
calculated from the Svedberg equation (41) using thes0

20,w

values and the corrected translational diffusion coefficients
(D0

20,w). Samples prepared at each dilution were incubated
for at least 90 min at 20°C before beginning the centrifuga-
tion. Sedimentation data for 430µL each of 2.5, 12, and 25
µM reduced AhpC were collected every 3 min at a rotor
speed of 42 000 rpm and a radial step size of 0.003 cm.
Oxidized AhpC was analyzed in a similar way, except that
11 concentrations from 2.5 to 483µM were analyzed at rotor
speeds from 35000 to 52000 rpm.

Sedimentation equilibrium experiments with reduced
AhpC were performed essentially as described previously
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(12). For reduced (DTT-treated) AhpC, five concentrations
(6.2-107 µM) were analyzed in six-sectored cells at 5500,
6500, 8000, and 11000 rpm. For oxidized AhpC, speeds of
8000, 11000, 15000, 20000, and 26000 rpm were used, and
protein concentrations were varied from 2.5 to 107µM.
Equilibration times were 14, 16, and 18 h. Global analysis
of data sets was performed using the Windows version of
NONLIN (42).

Light-Scattering Methods. Light-scattering data were
acquired using a Brookhaven Instrument BI-2030AT corr-
elator, operated together with a BI-200SM light-scattering
goniometer/photon counting detector (Brookhaven Instru-
ments, Holtsville, NY) and a Spectra Physics 127 helium-
neon laser (35 mW, equipped with a vertical polarization
rotator; Spectra Physics, Mountain View, CT). For deter-
mination of the molecular weight of oxidized and reduced
AhpC by static light-scattering analyses, measurements were
made at an angle of 90° in specially formulated microcuvettes
(Hellma Cells, Inc.) maintained at 20°C in a refractive index
matching bath (containing 50% glycerol). Samples in the 25
mM potassium phosphate buffer with or without NaCl were
passed through a 0.2µm filter, and the filtrate was collected
into acid-washed, dust-free microcuvettes. Sample scattering
intensities were corrected for solvent scattering and were
expressed relative to a benzene standard (43). AhpC con-
centrations were measured at 280 nm using anE0.1% value
of 1.18 (8). A total of 18 intensity measurements for reduced
AhpC (37-57µM) and 30 for oxidized AhpC (45-346µM)
were used for molecular weight calculations. Weight-average
molecular weights were determined from the solvent-
corrected relative scattering intensity using Rayleigh-Gans-
Debye theory (44) and a protein refractive index increment
(dn/dc) of 0.183 mL/g as calculated from the amino acid
composition (45). Dynamic light scattering was also carried
out with the above samples to determine the translational
diffusion coefficient [D0

20,w (41)] using the method of
cumulants as described previously (46).

Crystallization of AhpC.Using hanging drops and the
sparse matrix strategy (47), a crystallization lead was
identified that, when optimized, gave reproducible crystals
for native and Se-Met AhpC at 26°C using 1.4 M
magnesium sulfate, 0.1 M MES, pH 6.5, as a reservoir, and
5 µL of a 10 mg/mL stock solution of AhpC mixed with 2
µL of the reservoir for the drop. Crystals appeared within 2
weeks, reaching sizes on the order of 1 mm in each
dimension. The crystals were very fragile and difficult to
manipulate. For data collection, crystals were dipped (∼20
s) into a cryoprotectant solution containing 20% (w/v)
glycerol in addition to the reservoir solution above and then
either flash cooled in a-170°C nitrogen stream or plunged
into liquid nitrogen (48).

X-ray Diffraction Data Collection and Processing.The
space group of the crystals isC2221 with a ) 127.5 Å,b )
171.6 Å, andc ) 135.8 Å, but this was not recognized early
on, and the structure solution was done using the space group
P21 with unit cell a ) 106.9 Å,b ) 135.9 Å,c ) 107.2 Å,
and â ) 106.8°. A 2.5 Å resolution native data set was
collected at beamline 5.0.2 of the Advanced Light Source
(ALS) from a single frozen crystal of AhpC. Using an ADSC
Quantum-4 mosaic CCD-based X-ray detector (Area Detector
System Corp.), 180° of data were collected (40 s per 1°
frame). A three-wavelength MAD data set was collected from

a single crystal of Se-Met AhpC at beamline F2 of the
Cornell High Energy Synchrotron Source (CHESS) using
an ADSC Quantum-4 X-ray detector. A fluorescence scan
determined the optimum wavelengths to minimize thef′
(edge) and to maximize thef′′ (peak) contributions. Due to
time constraints, the remote was chosen 100 eV lower than
the peak to avoid the need to collect Bijvoets. On the basis
of the crystal orientation, the optimal strategy for a>90%
complete, 3.0 Å resolution data set required 90° of data.
Using the inverse beam method, complete data sets were
collected in 5° wedges (40 s per 1° frame) for the edge and
peak wavelengths.

All frames were corrected for background, spatial distor-
tion, and nonuniformity. Native data (Table 1) were pro-
cessed using the HKL suite of programs (49). The program
NovelR calculated the multiplicity-weighted mergingR-
factor (50). The MAD data sets (Table 1) were processed
using the CCP4 programs MOSFLM and SCALA (51).

Locating the Se Sites and MAD Phasing. Thef′ andf′′ for
each wavelength were estimated using the program FPRIME
(52, 53). Using data to 3.5 Å resolution, the program SOLVE
identified and refined 16 sites, resulting in phases with a
figure of merit (〈m〉) of 0.57. Difference maps (54) calculated
with these phases revealed positions for four additional Se
atoms corresponding to a total of ten AhpC molecules in
the asymmetric unit (assuming two Se-Met per chain), and
phases to 3 Å resolution were then calculated (〈m〉 ) 0.66).
The resulting electron density maps displayed clear protein-
solvent boundaries, as well as easily recognizable helices
and sheets. Using the program suite PHASES (55), the 3 Å
resolution MAD electron density map was subjected to 16
cycles of solvent flattening assuming 50% solvent. The
resulting map was of high quality and allowed the identifica-
tion of 10 molecules arranged as a doughnut-shaped decamer.
Noncrystallographic symmetry (NCS) operators between all
ten molecules were defined using X-PLOR (56), and then
NCS density averaging and solvent flattening were carried
out using PHASES.

Model Building and Refinement.Model building was
carried out using the programs CHAIN (57) and O (58). The
density for all ten molecules was averaged using RAVE (59-
61), and the resulting map allowed the tracing of the majority
of one molecule by placing CR atoms and then using the
LEGO autobuild feature of O. The NCS symmetry operators
were applied to this model to construct the unique contents
of the monoclinic unit cell. This initial model represented
91% of the final model. Five percent of the data were set
aside for cross-validation. Initially, model refinement was
carried out using X-PLOR and data to 3 Å resolution. Rigid
body refinement was performed on all ten molecules,
followed by simulated annealing using Cartesian molecular
dynamics with NCS restraints against the crystallographic
residual target. This reduced theR-factor from an initial high
of 48.9% to 35.6% (Rfree ) 39.7%). At this point we switched
to the native data set while preserving the cross-validation
test set and extended the resolution to 2.5 Å. Further cycles
of simulated annealing, individualB-factor refinement, and
manual rebuilding reduced theR-factor to 30.4% (Rfree )
33.2%). For the final stages of model refinement, we used
the program CNS (62) and abandoned simulated annealing
in favor of Powell minimization using the maximum likeli-
hood target function. For individualB-factor refinement, the
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crystallographic residual target was used. Waters were added
both manually and using the Water-Pick utility in CNS (62)
with the following criteria: (1) a minimum 3Frms peak inFo

- Fc maps and (2) a minimum distance of 2.6 Å and a
maximum distance of 3.5 Å to donors or acceptors. Finally,
sulfates were added on the basis of the hydrogen-bonding
environment.

After refinement was complete we discovered our space
group assignment error and reindexed asC2221. The higher
symmetry leaves only five molecules in the asymmetric unit
and invalidates the originalRfree test set. A new test set
representing 10% of the data was selected, and the new
model was subjected to simulated annealing using Cartesian
molecular dyanmics at 4000 K to decouple the test set (63).
The final model statistics are reported in Table 2.

The active site disulfide bonds are exposed and are
relatively mobile, as evidenced by weak electron density and
high B-factors. To verify that the disulfide state of the
enzyme was modeled correctly, the C-termini of all mol-
ecules were removed past residue Glu163, including the
resolving cysteine, Cys165. The omit model was then
subjected to simulated annealing at 5000 K, followed by
individualB-factor refinement. The resulting electron density
maps revealed clear density for the omitted residues, includ-
ing the cystine disulfide (Figure 2A).

Examination of the modeled waters reveals that five, all
related by NCS symmetry, are suspicious (W1 to W5). The
B-factors for these five waters are one-half the value of their
corresponding ligands, with hydrogen-bonding distances of
∼3.0 Å. We suspect these waters may actually be metals or
halides, but in the absence of an identification we have left
them modeled as water molecules.

Structure and Sequence Analysis.Model quality was
assessed using PROCHECK (64) and the model check
routine in CNS (62). Secondary structure assignments were

made using DSSP (65). Topology diagrams were constructed
with TOPS (66). Sequence alignments were done using
PIMA (67, 68). HOMOLOGCORE (P. A. Karplus) was used
to create structural overlays for comparisons. Structural
figures were generated using MOLSCRIPT (69), BOB-
SCRIPT (70), and RASTER3D (71).

RESULTS AND DISCUSSION

The Oligomeric State of AhpC Is Redox SensitiVe. Sedi-
mentation velocity, sedimentation equilibrium, and light
scattering at varying protein concentrations were used to
study the size and shape of AhpC and how it is influenced
by the redox state (Table 3). As summarized in Figure 1
and Table 3, sedimentation velocity experiments were the
most informative. At all concentrations studied, reduced
AhpC data were well fit by a single Gaussian (Figure 1),
consistent with the presence of a homogeneous 8.7 S species
corresponding to a weight-averaged molecular weight (Mw)
of 214 kDa. Given that theMr of monomeric AhpC is 20.6
kDa, these results suggest an oligomeric complex of 10
subunits. This agrees well with our observations (see below)
and those of others that 2-Cys peroxiredoxins form stable
decameric complexes (29-32). On the other hand, oxidized
AhpC yielded results that were concentration dependent
(Figure 1). Only at the limiting concentrations evaluated did
oxidized AhpC behave as a homogeneous species. At the
lower limit (2.5 µM), oxidized AhpC had a value of 3.35 S
and a calculatedMw of 40 kDa, corresponding to dimeric
AhpC (Table 3). At the upper limit (483µM), oxidized AhpC
yielded a value of 6.67 S and a calculatedMw of 227 kDa,
consistent with decameric AhpC. In experiments using
intermediate concentrations (9-330µM), a wider and more
complex distribution ofSvalues were detected, indicating a
heterogeneous system, presumably involving dimers, decam-
ers, and possibly intermediate species (Figure 1).

In addition to determining oligomeric states of a protein,
sedimentation velocity experiments can be used to derive
shape information. For reduced AhpC, the measuredD0

20,w

value is 1.42-fold smaller than that expected for a spherical
molecule of 206 kDa and corresponds to that expected for a
highly oblate ellipsoid with an axial ratio of∼9:1, consistent
with the doughnut-shaped structure we report below. A
further intriguing observation is that decameric AhpC in its
oxidized and reduced forms exhibits two different sedimen-

Table 1: Data Collection Statistics

data set native peaka edgea remotea

wavelength (Å) 1.1000 0.9796 0.9798 0.9873
resolution (Å) 2.5 3.0 3.0 3.0
total observations 374091 100569 198239 197790
unique reflections 51663 53055 53131 52939
completeness 97.4 (92.2)b 92.3 (84.8) 91.9 (82.4) 91.8 (82.6)
I/σ 16.0 (4.5) 16.0 (5.2) 24.4 (7.9) 23.6 (7.4)
Rmeas

c 8.0 (51.8) 7.2 (35.5) 6.0 (25.2) 6.6 (27.5)
Rmrgd-F

d 7.1 (35.5) nde nd nd
MAD difference peak 0.051 0.035 0.051

ratiosf (0.032)
edge 0.049 0.049

(0.036)
remote nd

a Mistakenly treated as lower symmetryP21 space group (see
Experimental Procedures).b Numbers in parentheses represent the
highest resolution shell.c Rmeas is the multiplicity weighted merging
R-factor of Diederichs and Karplus (50). d Rmrgd-F is a measure of
reduced data accuracy (50). e Not determined.f MAD difference ratios
were determined using the program MADSYS (76). Ratios are
rms(|∆F|)/rms(|F|), where ∆F is the Bijvoet difference within a
wavelength (diagonal elements) or the dispersive difference between
wavelengths (off-diagonal elements).F is the average value of the
structure factor for that energy. The values in parentheses are for centric
reflections, which ideally should be zero and therefore represent the
level of noise in the anomalous signal. For the low-energy remote,
Bijvoets were merged and only dispersive differences were used in
phasing (see Experimental Procedures).

Table 2: Crystallographic Refinement Statistics

resolution range (Å) 50.0-2.5
amplitude cutoff none
no. of amino acid residues 825
no. of sulfates 3
no. of waters 273
total non-H atoms 6789
averageB (Å2)

protein 53
solvent 44

R-factor (%) 18.5
freeR-factor (%) (10% of data) 23.9a

stereochemical ideality
bond length rmsd (Å) 0.014
bond angle rmsd (deg) 1.6
φ,ψ most favored (%) 90.0
φ,ψ additional allowed (%) 9.9
φ,ψ generously allowed (%) 0.1

a Posteriori calculatedRfree (see Experimental Procedures).

D Wood et al. Biochemistry



tation coefficients, at 6.7 and 8.7 S, respectively (Figure 1).
This suggests a significant difference between the two
species. Because no such difference is apparent in the
crystallographic results (see below), we suspect the distinct
sedimentation properties are due to the presence of a dynamic
equilibrium in oxidized AhpC among different decameric
states and/or lower order oligomers.

Sedimentation equilibrium and light-scattering results were
less informative but consistent with the above observations.
Sedimentation equilibrium experiments with reduced AhpC
exhibited no dependence on either protein concentration or
speed (data not shown). Using the single ideal species model,
a Mw of 198( 3 kDa was calculated (Table 3). Sedimenta-
tion equilibrium experiments with oxidized AhpC gave
complex results, consistent with the expected heterogeneous
nature of the species. In addition, as analysis time increased
from 24 to 48 h, a systematic increase in molecular weight
estimates was observed, suggesting an irreversible aggrega-
tion over long periods of time. At present, we do not
understand this behavior and, therefore, view the results with
caution. The only easily modeled sedimentation equilibrium
analysis of oxidized AhpC was that at the lowest concentra-
tion and highest speed. The results yielded a limitingMw

for the associating species of 42 kDa, again consistent with
dimeric AhpC (Table 1). Static light-scattering experiments
were limited to protein concentrations between 44µM and

346 µM due to signal to noise considerations at lower
concentrations and nonideal behavior at higher concentra-
tions. All light-scattering analyses using reduced AhpC gave
a Mw of ca. 196 kDa, but analyses of oxidized AhpC gave
Mw values that generally increased as a function of concen-
tration and were all between the expected dimer and decamer
weights, consistent with a mixture of species. To assess how
ionic strength influenced AhpC oligomerization, further
sedimentation and light-scattering studies were performed
with both reduced and oxidized AhpC in the presence of
increasing salt. Contrary to a previous report (30), we noticed
no effect of low ionic strength (up to 0.15 M NaCl) and
little effect of high ionic strength (up to 1.0 M NaCl) on the
oligomeric structure of either redox form of AhpC (data not
shown).

From all these data, we conclude that reduced AhpC in
solution forms a rather stable decamer, and oxidized AhpC
has a much weaker association constant so that it forms a
concentration-dependent mixture of oligomeric species rang-
ing from free dimers to decamers. Using data from Link et
al. (72) and a value of 2.5 fL for the volume ofEscherichia
coli, we estimate the in vivo concentration of AhpC to be
∼5 µM. On the basis of our results and in the absence of
other factors, oxidized AhpC would tend to be in the dimeric
state. This suggests that in vivo there is a direct linkage of
redox state and oligomerization.

Crystal Structure of Oxidized AhpC. Crystals of AhpC are
very fragile, and the structure was solved using MAD phasing
(see Experimental Procedures). The resulting 2.5 Å resolution
crystal structure reveals that the enzyme is in the oxidized,
disulfide form (Figure 2A). The asymmetric unit of the
crystal contains five molecules (chains A-E), with the
biologically relevant decamer generated by a crystallographic
2-fold symmetry operation (chains A′-E′). The resulting
complex is a doughnut-shaped pentamer of homodimers or
an (R2)5 decamer displaying point group symmetry 52 (Figure
2B). The decamer has an outer diameter of 115 Å, inner
diameter of 60 Å, and thickness of 45 Å and looks very
similar to the structures of TryP and TPx-B (29, 34). The
C-terminus is disordered past residue Pro166 in molecules
A and D, past Cys165 in molecules B and E, and past Glu163
in molecule C.

Our observation of an oxidized, decameric form of AhpC
is suprising, given our results (above) demonstrating that the
(R2)5 oligomer is destabilized upon oxidation. However,
given the concentration dependence on the oligomeric state
of oxidized AhpC (Figure 1), the high protein concentration
during crystallization (ca. 900µM) explains why decamers
were formed. This suggests that we have crystallized a
metastable intermediate: a weakly associated decamer.

The Basic Oligomeric Building Block: TheR2 Dimer.Each
AhpC monomer consists of a central seven-strandedâ-sheet
sandwiched between fourR-helices on one face and a
â-hairpin and two R-helices on the other. The overall
topology of AhpC is essentially the same as that described
for other 2-Cys Prxs (29, 33, 34), containing a thioredoxin
fold with few additional secondary structure elements.
Overlaying the AhpC monomer with the structures of TryP,
TPx-B, and the heme binding protein 23 (HBP23) results in
rms deviations for 161 corresponding CR atoms of 1.4, 1.5,
and 1.6 Å, respectively, with only minor differences in
secondary structure (Figure 3).

FIGURE 1: Sedimentation velocity studies of oxidized and reduced
AhpC. Oxidized (solid lines) and reduced (dashed lines) AhpC
samples at 2.5µM (thin lines), 12µM (medium thick lines), and
483 µM (thickest solid line) were centrifuged at 42000 (dashed
lines and thick solid line) or 47000 rpm (thin and medium solid
lines). Eight to twelve consecutive data sets at∆ω2t values of 0.25
to 0.55× 1011 s-1 were analyzed by DCDT software (40) to give
the g* (s) distributions shown. All plots were normalized by area
to ease comparisons.

Table 3: Sedimentation and Light-Scattering Analyses of Oxidized
and Reduced AhpC

reduced
AhpC

oxidized
AhpC

Mw by sedimentation equilibrium (kDa) 198( 3a 42b

Mw from sc andDd (kDa) 214 40, 227c,e

sedimentation coeff (s0
20,w)c,f (S) 8.70 3.35, 6.67e

translational diffusion coeff (D0
20,w)d,g (F) 3.88 7.90, 2.79e

a From 17 data sets (ø2 ) 5.74 × 10-4 with 1521 degrees of
freedom).b At 2.5 µM and 26 000 rpm.c From sedimentation velocity
analyses.d Diffusion coefficient from dynamic light-scattering analyses.
e Values from samples at 2.5 and 483µM, respectively.f In Svedbergs,
×10-13 s. g In Ficks,×10-7 cm2s-1.
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Dimerization results in an extendedâ-sheet containing 14
strands (7 from each monomer) with the interface formed
between the antiparallel strandsâ7 andâ7′ (Figure 2C). The
dimer interface buries∼2100 Å2 of surface area and involves
56 residues (∼1050 Å2 and 28 residues from each monomer).
The R2 dimer forms a flattened ellipsoid with dimensions
60 Å × 45 Å × 30 Å, similar to what has been described
previously for 2-Cys peroxiredoxins (29, 34) (Figure 2C).
Each dimer contains two identical active sites 41 Å apart
with the C-terminus (residues 159′-166′) reaching across
the dimer interface to form the intermolecular redox-active
disulfide (Cys46 with Cys165′). Since we have solved the
structure of the disulfide form of AhpC, we have no new
information about the geometry of the peroxidatic active site
to add to what has already been covered on the basis of the
reduced structures (29, 34). We will instead focus on the
valuable insights into the oligomeric assembly that can be
gained from examining this unique, intermediate structure.

Oligomerization Interface in Oxidized AhpC.The interface
betweenR2 dimers as they oligomerize to form decamers

buries ca. 650 Å2 of surface area per monomer in three
hydrophobic patches containing 20 residues (Figure 4A). The
majority of these residues are localized in four segments of
the protein: region I (residues 40-44), region II (residues
73-84), region III (residues 99-100), and region IV
(residues 112-116) (Figure 3). Region I forms a surface
which is complementary to region II, and these two patches,
with the inclusion of Phe20, overlap to form the largest
buried patch (ca. 450 Å2) in the interface (Figure 4B). The
remaining two contacts in the interface are formed by less
extensive hydrophobic interactions (ca. 100 Å2 each) between
region III of each dimer and its complementary region IV.
Although region IV contains many charged residues (three
of five), it is only the allylic portions that contribute to the
hydrophobic interface, with the charged headgroups being
exposed to solvent.

Comparisons of the Interfacial Regions of 2-Cys Prxs.Our
present work on AhpC, in conjunction with the structures
of TPx-B, TryP, and HBP23, provides a more diverse
sampling of the different redox and oligomeric states of

FIGURE 2: Structure of oxidized AhpC. (A) Electron density for the redox-active disulfide. The 2Fo - Fc electron density map shown was
calculated after removing the residues C-terminal to Gly162, including the resolving cysteine, for all five molecules and subjecting the
resulting omit model to simulated annealing. The density is contoured at 1.4Frms. The model (gray for residues not omitted, cyan for
omitted residues) is the final model of the A-B dimer, with residues from chain A (residues 44-48) and chain B (residues 163- 165).
This is the best defined disulfide in the structure. (B) (R2)5 decamer of AhpC. Each chain is depicted in a different color, and the unique
molecules are labeled A, B, C, D, and E, with primes denoting their crystallographic symmetry mates. Dimers are A-B, C-D, and E-E′.
The crystallographic 2-fold axis bisects the homodimer (E-E′) and the interface between the two adjacent dimers (A-B and A′-B′).
Redox-active disulfides are depicted as ball-and-stick models, with sulfurs in yellow. (C) Stereoview of the AhpC dimer, with monomers
in different colors and looking down the dimer axis. The intermolecular redox-active disulfides are depicted as above. The C-terminal arm
containing the resolving cysteine reaches across the interface and is rather flexible.
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FIGURE 3: Structure-based sequence alignment of 2-Cys Prxs. The top line illustrates the secondary structure elements of AhpC, and the
bottom line identifies regions where HBP23, TPx-B, and TryP differ from AhpC. Helices are represented by cylinders [gray forR-helices,
white with gray stripes for 310 helices, and solid white denoting the CP-loop (purple box) that unwinds during oxidation].â-Strands are
represented as gray arrows. Interfacial regions I-IV are boxed in yellow. Residues buried in the oligomerization interface are colored in
red, and the redox-active cysteines are identified: SP (peroxidatic) and SR (resolving). The disulfide bond shown occurs between subunits
of the dimer and not within a single chain. Residues not modeled due to disorder are identified with lower-case letters, and regions not
structurally aligned are boxed in dark gray. The helixR2/3 is formed from twoR-helices abutted against one another (residues 48-55 and
56-62). The equivalent segment was defined as two helices (R1 andR2) in TPx-B (29) and as a single, bent helix in the other homologues
[R1 in TryP (34) andR2 in HBP23 (33)].

FIGURE 4: Oligomerization interface. (A) Stereo diagram of the oligomerization interface between adjacentR2 dimers (A-B, A′-B′) in the
decamer, with the crystallographic 2-fold axis in the center and normal to the plane of the figure. The CP-loop (red) is truncated at Thr48.
Region I (green), region II (blue), region III (cyan), and region IV (violet) are shown interacting with their complementary regions on the
adjacent dimer. (B) CPK space-filling stereo diagram of the cross section of the interface of AhpC. Regions are colored as above, with
darker shades representing atoms in contact with the adjacent dimer. The 2-fold symmetry axis is depicted as a red bar. For clarity, the
disulfide formed with the resolving cysteine has been omitted. The cavity behind region I (which is occupied by the peroxidatic cysteine
in the reduced structure) is highlighted by a soft glow.
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2-Cys Prxs than was previously available: TPx-B and TryP
represent the reduced, strong (R2)5 decamer (29, 34), AhpC
represents an oxidized, weak (R2)5 decamer, and HBP23
represents the oxidized, isolatedR2 dimer (33). Examining
the oligomerization interface between these structures is key
to gaining insight into the redox sensitivity of the (R2)5

oligomeric assembly. The interfaces of TPx-B and TryP have
previously been compared and contrasted with HBP23 (29,
34), but our metastable intermediate structure reveals details
that could not be resolved by the earlier analyses. Since the
TPx-B and TryP structures are very similar, we will use
TPx-B in the comparisons, because its structure was deter-
mined at a much higher resolution (1.7 vs 3.2 Å for TryP).

Comparisons of TPx-B with AhpC show that the oligo-
merization interface is essentially the same. The most
significant difference between the structures involves the
conformation of the five residues immediately following
region I and containing the peroxidatic cysteine, hereafter
referred to as the CP-loop (residues 45-49) (Figure 3). In
TPx-B, the CP-loop forms anR-helical turn and packs against
the back side of region I (Figure 5A). In this conformation,
the peroxidatic active site pocket (29) is occupied by the
cysteinesulfinic acid, which forms a salt bridge with the
conserved Arg119. In AhpC, the CP-loop is unwound to form
a flexible surface loop and expose the peroxidatic cysteine
(Cys46), which is disulfide bonded to the resolving cysteine
(Cys165′).

Comparisons of AhpC with HBP23 show that the con-
formations of both the CP-loop and region I have rearranged,
resulting in two new hydrogen bonds (Figure 5B). There are
three main components of the conformational change: one,
theψ torsion angle of Asp41 (AhpC numbering) flips+164°,
resulting in its carbonyl O pointing into the active site pocket
vacated by Cys46; two, rearrangements of residues 42-47
direct the Oγ of Thr43 toward the active site pocket as well;
and three, theφ torsion angle of Thr48 rotates by 161°,
positioning its Oγ for hydrogen bonding with the rotated
Asp41-O and Thr43-Oγ. Essentially, the active site pocket
vacated by the peroxidatic cysteine has collapsed in HBP23.
The result is that region I has pulled away from the interface,
disrupting interactions made by Phe42 and Phe44. The
movement of Phe42 uncovers Trp82, which in turn adopts a
new conformation. These changes result in a restructuring
of the interface. A key observation is that our intermediate
structure uncouples the rearrangements of the CP-loop from
those that occur in region I and other interface residues.

In addition to the conformational changes, there are also
dramatic changes in the mobility of residues at the oligo-
merization interface (Figure 5C). Remarkably, the mobility
patterns of all of the structures are very similar, and the few
specific areas that change are readily identified. Comparing
the reduced decamer (TPx-B) to the oxidized decamer
(AhpC), we observe a large increase in the mobility of both
the CP-loop and region I. The other interfacial regions, II,
III, and IV, are essentially unchanged. As expected, in going
from the oxidized decamer (AhpC) to the isolatedR2

protomers (HBP23), regions II, III, and IV become less
ordered as they are no longer packed in the oligomerization
interface. In addition, region I becomes even more disor-
dered. The last two significant differences in main chain
mobility are found in the regions afterR4 and beforeR6,
which are more ordered in TPx-B than AhpC or HBP23.

This is explained by the structure of TPx-B (29), which
reveals that those regions are buried by the well-ordered helix
R7′ in TPx-B, which is disordered in both the AhpC and
HBP23 structures, as well as in the other reduced decamer,
TryP.

The CP-Loop Is the Molecular Switch Controlling Decamer
Disassociation and Enzyme ActiVity. The above comparisons
make clear that the conformation and mobility of both the
CP-loop and region I are linked to the oxidation and
oligomeric states of the enzymes. TheB-factor analysis
shows that the initial disulfide bond formation involves an
increase in the mobility of the CP-loop and, to a lesser degree,
region I. We infer that the higher mobility of region I implies
that it is making weaker interactions in the oligomer interface.
An explanation for this behavior is found in the local
unfolding of the helical CP-loop, which in TPx-B acts to
buttress region I against region II in the interface (Figure
5A). It is possible, we think even likely, that all of the other
rearrangements seen in the HBP23 structure occur after
dissociation and are not directly responsible for forcing apart
the decamer as was suggested previously (29, 34). Instead,
the AhpC structure shows that the first structural changes
are the local unfolding of the CP-loop and a coincident
increase in mobility for both it and region I and that these
occur prior to dissociation.

Interestingly, the converse of the above implies that, for
the reduced enzyme, oligomerization favors the folded
conformation of the CP-loop. Because the peroxidatic active
site is a cavity lined by residues from the CP-loop (29, 34),
it is possible that the active site will only form properly in
the decamer. In this case, one important benefit from decamer
formation is the stabilization of the properly folded state of
the peroxidatic active site, thereby linking enzyme activity
to oligomeric state.

The Oligomerization Model for 2-Cys Peroxiredoxins.
Taking these observations together, we propose a structurally
detailed catalytic cycle (Figure 6). The cycle begins with
the CP-loop of the reduced enzyme (structure 1) as a redox-
sensitive molecular switch in dynamic equilibrium between
folded and locally unfolded states (Figure 6, equilibrium 1
T 7). This idea is supported by the structure of TryP (PDB
id code 1E2Y), in which three of its subunits have folded
CP-loops (chains C, E, and H), three have unfolded CP-loops,
albeit without the disulfide (chains B, G, and I), and the
remaining four (chains A, D, F, and J) are in an intermediate
conformation. During peroxidation, the peroxidatic cysteine
is oxidized to a reactive sulfenic acid (reaction 1f 2). What
effect a cysteinesulfenic acid has on the local unfolding
(equilibrium 2T 3) is not known. In the locally unfolded
conformation, the cysteinesulfenic acid is accessible for
attack by the resolving cysteine, and disulfide bond formation
traps the CP-loop in the unfolded conformation (reaction 3
f 4). As more disulfide bonds are formed, the cooperative
destabilization of the interface leads to the breakdown of
the decamer (equilibrium 4T 5). As presented, AhpF acts
to reduce the free dimers (reaction 5f 6), which then
oligomerize to re-form reduced decamers (equilibrium 6T
7, 1), completing the catalytic cycle. AhpF may also act to
reduce the intact oxidized decamer, but on the basis of an
intracellular concentration of AhpC of ca. 5µM (72) and
our solution studies, we infer that oxidized AhpC in vivo
will exist largely as free dimers.
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In the case of TPx-B (29), the reactive sulfenic acid is
further oxidized to a sulfinic acid, representing a catalytic
dead end (reaction 2f 8). We propose that this overoxi-
dation occurs readily in TPx-B because of the low mobility
of the C-terminal tail (see blue regions in Figure 5C). Since
structural rearrangements of the C-terminus are required for

disulfide bond formation between CR and CPSOH, the lower
mobility of the C-terminus would make this step slower in
TPx-B and allow peroxide overoxidation of CPSOH to occur.
For TPx-B, evidence suggests that the irreversible overoxi-
dation stabilizes the decamer (29) and that the decamer form
associates with membranes (73). The accumulation of

FIGURE 5: Structural differences in the CP-loops of reduced decameric, oxidized decameric, and oxidized dimeric 2-Cys Prxs. (A) Reduced
decamer (TPx-B, gray) versus oxidized decamer (AhpC, red and green). The CP-loop (red), C-terminus (red), region I (green), and Trp81
(green) of AhpC are overlayed with their counterparts in TPx-B (gray). Also depicted is region II (blue) of the adjacent AhpC dimer to
illustrate the oligomerization interface. The unwinding of the CP-loop in TPx-B has left the peroxidatic active site pocket behind region I
vacant (see soft glow in Figure 4B). The interactions between region I and region II are essentially the same. (B) Oxidized decamer (AhpC,
as above) versus oxidized dimer (HBP23, gray). The same regions, colors, and orientations as above. The two new hydrogen bonds formed
by the rearrangement in HBP23 as region I collapses into the peroxidatic active site pocket are illustrated by dashed lines. (C) Chain
mobility of 2-Cys Prxs. Average main chainB-factor plots (for all chains) of AhpC (red), HBP23 (green), and TPx-B (blue) aligned on the
basis of structure. Secondary structure elements assigned in Figure 3 are illustrated below the plot, with regions not structurally aligned
represented by gaps. The CP-loop and regions I-IV are identified as well as the peroxidatic and resolving cysteines. Salient differences
from which we derive functional insights are shaded as follows; oligomer interface (yellow), CP-loop (purple), and packing of the C-terminal
tail in TPx-B (blue). To simplify comparisons, theB-factors of HBP23 and TPx-B are scaled to AhpC using the ratios 39.74/23.39 or
39.74/21.46, respectively (39.74, 23.39, and 21.46 are the lowestB-factors for AhpC, HBP23, and TPx-B, respectively).
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inactive, decameric, membrane-associated TPx-B may be
physiologically relevant, perhaps acting as a redox sensor
to identify oxidatively stressed erythrocytes. Since many
2-Cys peroxiredoxins also serve as redox-sensitive signaling
molecules (22-27, 74), the dimer to decamer transition may
be a general mechanism by which 2-Cys Prxs transduce
chemical signals.

A Family of Redox-SensitiVe Oligomeric 2-Cys Peroxire-
doxins.Our studies have demonstrated that oligomerization
of AhpC is redox sensitive, with the reduced enzyme forming
the (R2)5 decamer exclusively and oxidation favoring disas-
sociation to dimers. Our model presents the CP-loop as the
lynchpin in this process, with its removal acting to destabilize
the interface between regions I and II. In terms of sequence,
region I and the CP-loop, (x)DFTFVCPTE, and region II,
D(T/S)(x)(F/Y)(x)H(xx)W(xx)(S/T/V), are conserved in all
2-Cys Prxs identified to date (prokaryote Prxs and Prxs I-IV
in eukaryotes) (for review, see ref74), suggesting that (R2)5

oligomerization is a universal feature of this family.
The full significance of the redox-linked oligomerization

of 2-Cys Prxs is not yet understood, but we suggest it has at
least two important roles: controlling enzymatic activity and
converting a chemical signal into a dramatic structural signal.
Our observations extend the work of Choi et al. (75), who

recently showed that, for the OxyR transcription factor,
activation occurs via peroxide-induced formation of a dis-
ulfide bond which triggers a local restructuring and a
corresponding shift between tetrameric configurations. Our
work provides a second and even more dramatic example
of what Choi et al. (75) termed protein regulation by “fold
editing”. On the basis of the detailed catalytic cycle of 2-Cys
Prxs (Figure 6), we have begun to design specific mutations
that will uncouple the AhpC redox state from oligomerization
and serve as tools to probe the role that decamer formation
has on function.

NOTE ADDED IN PROOF

Koo et al. (77) recently reported that C-terminal mutations
of a yeast 2-Cys Prx affect the rate at which it is inactivated
by overoxidation. This is consistent with our hypothesis
relating the ease of overoxidation of TPx-B to the low
mobility of its C-terminal tail.
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